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display a variety of gas exchange patterns, typically categorized as continuous, cyclic, or discontinuous, based on
rates of O2 uptake and CO2 release (Figure 1). While
hypoxia and hypercapnia stimulate hyperventilation in
continuously ventilating insects [4], the alternating periods of apnea and gas exchange that characterize discontinuous gas exchange cycles (DGCs) cause dramatic
fluctuations in PO2 and PCO2 that are apparently
decoupled from these ventilatory responses. This relaxation of respiratory homeostasis demands explanation, and
several adaptive and non-adaptive hypotheses have been
proposed to explain the evolution and maintenance of
DGCs. These have been reviewed extensively elsewhere
[5–8]. But beyond any fitness benefit, there remain substantial gaps in our understanding of how continuous and
episodic gas exchange patterns in insects arise from the
same underlying regulatory system. The mechanisms
underpinning insect respiratory control are beginning
to be revealed with new findings on the location and
function of O2-sensitive and CO2-sensitive respiratory
chemoreceptors, the location and behavior of central
pattern generators (CPGs), and how they interact to
produce breathing patterns. Here we review these recent
findings, and present a case for the use of model organisms and amphibiotic insects to enhance our understanding of insect gas exchange, from respiratory chemoreception to complex respiratory motor patterns.

https://doi.org/10.1016/j.cois.2021.08.001

Common mechanisms driving gas exchange
patterns?

Insects coordinate the opening and closing of spiracles with
convective ventilatory movements to produce considerable
intraspecific and interspecific variation in gas exchange
patterns. But fundamental questions remain regarding how
these movements are coordinated and modulated by central
and peripheral respiratory chemoreceptors, and where these
chemoreceptors are located and how they function. Recent
findings have revealed regions of the CNS that generate
coordinated respiratory motor activity, while peripheral
neurons sensitive to respiratory gases have been identified in
Drosophila. Importantly, plasticity in structure and function of
neural elements of respiratory control indicate the need for
caution when generalizing the mechanistic basis for breathing
in insects, and an adaptive explanation for breathing pattern
variability.
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Introduction
Insects exchange respiratory gases with their environment through an elaborate tracheal system, which
extends from paired segmental openings, called spiracles,
through ramifying trachea and air sacs, to the tracheoles
which terminate adjacent to individual cells [1]. Transport of respiratory gases occurs predominantly in the gas
phase, and although some insects rely on diffusion alone,
most use a combination of diffusion and convection [2,3].
Convective ventilatory movements of the abdomen, and
the opening and closing of the spiracles, are coordinated
by the insect’s central nervous system (CNS) which
generates and regulates motor patterns using feedback
from respiratory chemoreceptors. This allows insects to
www.sciencedirect.com

The most extensively studied insect gas exchange pattern
is the DGC (Figure 1). The ongoing debate regarding
how this breathing pattern arises reveals many of the
challenges that remain in understanding how insects
regulate their gas exchange more generally. According
to the classic DGC model developed from observations of
moth pupae, respiratory chemoreceptors stimulate spiracle fluttering when internal PO2 falls below a hypoxic
threshold, while CO2 accumulation within the insect
eventually causes a hypercapnic threshold to be
exceeded, triggering a burst of gas exchange [9]. Crucially, to generate repeating cycles of gas exchange and
apnea, this model requires hysteresis: chemoreceptors
that lag in their response to changing internal PCO2
[10]. However, the existence of hysteresis in this system
remains hypothetical. Moreover, as moth pupae rely on
spiracular control to generate DGCs, many characteristics
of their DGC are not seen in other insects. DGCs of nonpupal insects show fluctuating tracheal pressures during
the C-phase [11,12], active ventilation during the F-phase
Current Opinion in Insect Science 2021, 48:1–6
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Three 25-min CO2 emission traces representing continuous (left), cyclic (middle) and discontinuous gas exchange cycle (DGC; right) gas exchange
patterns, expressed by 1.48–1.76 g male desert locusts (Schistocerca gregaria) at 30 C. DGCs typically consist of three phases, based on
assumed spiracular states: closed (C-phase), flutter (F-phase) and open (O-phase).

(or its absence altogether), unidirectional gas flow coordinated with spiracle fluttering during the O-phase [13]
and the lack of a fixed PCO2/pH threshold for triggering
the O-phase [4]. That the moth pupae’s DGC is atypical
is further highlighted by their tight control of tracheal
PO2 at 5 kPa during the F-phase [14], whereas tracheal
PO2 in other resting insects, including locusts, remains
near ambient levels [15,16]. Although the classic mechanistic DGC model remains dominant in the insect literature [e.g. Ref. 17], these discrepancies indicate that gas
exchange control in insects is complex, going beyond
simple PO2 and PCO2 threshold-level control of spiracle
opening. The expression of any gas exchange pattern by
an insect depends on synchronized activity between
spiracles and ventilatory muscles, modulated by feedback
from central and peripheral respiratory chemoreceptors,
and all coordinated by the CNS. Thus, understanding
how insects generate gas exchange patterns requires an
understanding of these elements, and how they interact.

The CNS and central respiratory
chemoreceptors
While internal gas levels detected by respiratory chemoreceptors are important in modulating gas exchange
behavior [10,18], the role of higher-level control changes
in driving the expression of different gas exchange patterns has largely been overlooked. Ventilatory responses
to changing PO2 and PCO2 have been most thoroughly
studied in locusts and cockroaches, which vary in the
general structure of their CNS: The metathoracic ganglion (MT) is fused with the first three abdominal ganglia
(A1-3) in the former, but only two (A1-2) in the latter [19].
Rhythmic bursts of ventilatory activity originate in the
MT of locusts [20], whereas the location of the main
pacemaker in cockroaches appears to be species-specific
[1,19]. These regions of the CNS are also sensitive to
respiratory gases, with preparations of isolated locust
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thoracic ganglia displaying O2 and CO2 sensitivity, and
an interdependence of their input on ventilatory activity
[21,22]. Ventilatory output was more sensitive to increasing tracheal CO2 than decreasing O2 levels, and subthreshold PCO2 and above-threshold PO2 levels had a
modulatory effect on the response to the other gas [22].
Ventilatory output was also affected by the PO2 of the
saline bathing the ganglia, suggesting a modulatory role
for hemolymph gas levels. This may explain why episodic
firing was recorded from isolated locust ganglia bathed in
oxygenated saline [23], but was absent in anoxic/hypoxic
saline (PO2 0–6 kPa) [22]. While isolated locust CNS
preparations do not generate episodic patterns consistently, a semi-intact preparation where the cephalic
and subesophageal ganglia are removed from an otherwise intact animal by decapitation can reliably elicit
DGCs in some insects (e.g. speckled cockroach [24], ants
[25]), but not in others (e.g. Cuban burrowing cockroach
[26], locusts [27]). In cockroaches that do display DGCs
when decapitated, the role of respiratory thresholds is not
the same as in the locusts. While locusts appear to initiate
the O-phase upon reaching a relatively constant internal
PCO2 threshold [13], no such threshold is seen in the
decapitated speckled cockroach, yet DGCs persist [4].
Direct monitoring of spiracular and ventilatory muscles in
resting locusts has also revealed a complex, integrated
pattern of activity underlying discontinuous breathing
that is sensitive to PO2 and PCO2 [13]. Low-frequency
ventilation has been shown to be triggered by low internal
PO2 [12], but depending on the internal PCO2, these
ventilatory movements may occur either when spiracles
are tightly closed or open (Figure 2, [13]), providing
further evidence for the interdependence of PO2 and
PCO2 thresholds [9,15,18]. Furthermore, overlap
between low-frequency ventilation and a second, highfrequency type of ventilation suggests the existence of
two separate CPGs.
www.sciencedirect.com
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Electromyogram recordings of the closer muscle of the second thoracic spiracle (red) and expiratory muscles from the third abdominal segment
(green), during discontinuous gas exchange cycles (CO2 emission trace in blue). Bottom trace in each muscle EMG recording is the rectified,
smoothed signal. Abdominal ventilation involves both low-amplitude, high-frequency activity (during the burst of CO2 emission) and highamplitude, slow ventilation (SV) activity. Note that SV immediately preceding the burst is coupled with spiracle fluttering, and thus CO2 release (a),
whereas SV earlier in the interburst period is coupled with tight spiracle closure (b). Silhouette on the right-hand side shows the unpaired median
nerves that innervate the spiracle and abdominal muscles, and their origin within the ganglia of the CNS.

Peripheral chemoreceptors and a putative
cellular O2 sensor
While the ventilatory responses of insects to changes in
internal PO2 and PCO2 are well described, precisely
where and how these gases are detected has remained
a mystery. However, several O2-sensing mechanisms
have now been described from Drosophila melanogaster.
Drosophila possess three atypical soluble guanylyl cyclase
(aSGC) subunits (Gyc-88E, Gyc-89Da, Gyc-89Db)
which, unusually, synthesize cGMP in response to hypoxia [28]. Furthermore, neurons expressing different
combinations of these aSGCs have been identified in
the central and peripheral nervous system, where they
www.sciencedirect.com

appear to be involved in driving the behavioral responses
of larvae to ambient O2 [29]. Thus, while larvae normally
attempt to escape from hypoxic or hyperoxic atmospheres, those with mutations in any of these three aSGC
subunits showed reduced responses to these stimuli [29].
Peripheral neurons expressing aSGCs innervate trachea
as well as external sensilla, suggesting a role in sensing
both internal and external O2 levels [30]. Conventional,
nitric-oxide (NO) sensitive SGCs have also been implicated in O2 detection [31]. NO is itself a known hypoxia
signal, and tissue and neuronal-like processes associated
with the anterior and posterior spiracles of Drosophila
larvae stain strongly for the presence of NO synthase
Current Opinion in Insect Science 2021, 48:1–6
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(NOS). NO also plays a role in the hypoxia escape
response of larvae, as inhibiting NOS blunts this behavior.
Thus, in Drosophila larvae, both typical and atypical GCs
display O2-regulated activity (either directly or via NO),
are located in the CNS as well as in peripheral neurons
(including those associated with spiracles) and their inhibition alters hypoxia-elicited behavior. It remains to be
seen which neurons in other insect groups also express
these O2-sensing enzymes and if or how they are integrated with ventilatory CPGs.
The discovery of O2-sensitive aSGCs has also led to a
class of neurons being identified as likely peripheral
respiratory chemoreceptors: tracheal dendrite (td) neurons. In Drosophila larvae, td cell bodies exist in pairs
(v0 td1 and v0 td2) along the ventrolateral margins of the
abdominal segments A1-6, and individually in A7, and all
extend dendrites along the ganglionic branches of the
tracheal system that target the CNS [32]. Compellingly,
the v0 td2 neurons associated with tracheal branches in
segments A1 and A2 have also been shown to express two
of the O2-sensitive aSGCs subunits (Figure 3) [30,32],
and these same tds respond to anoxia by increasing
intracellular calcium release (C Qian, PhD thesis, Columbia University, 2018). Axonal projections from v0 td1 and
v0 td2 in segments A1–A3 extend into as-of-yet uncharacterized regions of the SEG (Figure 3, [32]). The td
neurons are also retained following metamorphosis into
the adult fly, when spiracles 2–9 become functional
(Figure 3), but only one of each pair remains, and their
identities are not known [33]. If the v0 td2 neurons are
retained across the entire lifecycle of the fly, whereas the
disappearance of v0 td1 coincides with the opening of
adjacent spiracles during metamorphosis, this would
strengthen the argument that these cells are performing
some critical role, potentially as peripheral respiratory
chemoreceptors.
In addition to their role in O2 detection, td neurons
may also respond to CO2. In both Drosophila and
mosquitoes, sensitivity to ambient CO2 is mediated
by members of the gustatory receptor family of chemoreceptors (specifically Gr21a and Gr63a in drosophila and Gr1-3 in mosquitoes; [34,35]). These receptor
subunits are expressed in the antenna or maxillary
palps of the adult flies and the terminal organ of the
larva [34]. There is now some evidence that another Gr
receptor, Gr28b, expressed by td neurons in A1–A3, is
also involved in sensing internal CO2 (C Qian, PhD
thesis, Columbia University, 2018). However, this finding is still preliminary, as the level of CO2 required to
elicit a response is high (79%), and not all td neurons
that express Gr28b responded to CO2. Regardless, the
location, molecular machinery, pattern of innervation,
and retention across all life stages, are all consistent
with the assumption that td neurons function as respiratory chemoreceptors.
Current Opinion in Insect Science 2021, 48:1–6

Developmental plasticity of ventilatory control
The dramatic morphological changes that insects undergo
across their development raises interesting, and largely
unaddressed, questions about the plasticity of their respiratory control. Changes in populations of sensory neurons
clearly occur during metamorphosis [33] as the insect
rearranges its body plan, and large differences in tracheal
and spiracle morphology between larva and adult are also
reflected in marked differences in gas exchange pattern
[36]. Differences in respiratory control are also seen
during ontogeny both within [37] and between densitydependent locust phases [27]. Changes in ventilatory
control are likely to be particularly profound within
insects that breathe water using tracheal gills as juveniles
before transitioning to air-breathing as the adult, particularly as the aquatic life stage often lacks spiracles as well
as ventilating their aquatic respiratory organs using muscles and motor patterns that are distinct from those used
to breathe air. Since water is a comparatively poor source
of O2 relative to air, but a good sink for CO2, the waterbreathing juvenile insects would be expected to prioritize
O2 uptake, and thus rely primarily on O2 chemoreceptors
to regulate ventilation. Indeed, dragonflies show this
response, as the water-breathing nymph responds
strongly to hypoxia, but not hypercapnia, with hyperventilation, while the air-breathing adult responds to both by
increasing pumping amplitude [38]. It is likely that
nymphs possess CO2 chemoreceptors but they are simply
rendered inactive until metamorphosis occurs, and the
insect transitions to breathing air [39]. Habitat transition
during development could provide a valuable model for
further exploring how respiratory chemoreceptors
develop, and how they integrate with the CPGs coordinating ventilation.

Summary
The study of how insects control their gas exchange and
ventilatory patterns has long been hampered by a general
lack of information on the location and behavior of their
central and peripheral respiratory chemoreceptors. However, the molecular insights gleaned from Drosophila
larvae and their behavioral responses to ambient O2 could
provide a way forward. Firstly, whether td neurons do
indeed function as peripheral respiratory chemoreceptors
in Drosophila should be demonstrated directly through
electrophysiological investigation. Identifying the same
or similar neurons expressing aSGCs and/or Grs in the
central and peripheral other insects, particularly locusts
and cockroaches, would then allow the role of these
putative chemoreceptors to be further investigated in a
well-studied model for insect gas exchange regulation. In
particular, determining how these respiratory chemoreceptors integrate with CPGs, and thus how they are
involved in regulating episodic and continuous gas
exchange patterns, will require investigations using
insects known to display these patterns. But given the
diverse neuroanatomy of different insect groups, the
www.sciencedirect.com
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Location of O2 and CO2-sensitive neurons in CNS and peripheral nervous system of a Drosophila larva, their connection with the CNS (dashed
lines), and the location and hypothetical identity of the single td neurons retained in the abdominal segments of the adult fly. Larva redrawn from
Ref. [32]. Data sources indicated in key.

configuration in Drosophila is unlikely to be universal.
Thus, the location and number of respiratory chemoreceptors is expected to differ between insect groups, just as
vertebrates show a diversity of internally and externally
oriented respiratory receptors [e.g. Ref. 40]. For example,
the deafferented thoracic ganglia of a locust can sense and
respond to hypoxia and hypercapnia, indicating that, in
these insects at least, peripheral td neurons are not
necessary for respiratory chemoreception. While this
could indicate that neurons expressing aSGCs and
CO2-sensitive Gr receptors are present within the locust’s
thoracic ganglia, peripheral respiratory chemoreceptors
are likely to still play a modulatory role in the intact
insect. Moreover, the substantial developmental plasticity of neural elements associated with density-dependent
polyphenism [27], bimodal breathing [38] and holometabolous metamorphosis [33] suggests that extrapolating
www.sciencedirect.com

the mechanistic underpinning of gas exchange in a specific life stage in one insect order to all insects in general
may hinder the quest for a general explanation for the
adaptive value of variation in gas exchange patterns in
insects [41].
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